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Technical
Mechanobiology focuses on how physical forces and the 
mechanical properties of proteins, protein assemblies, 
cells and tissues contribute to signalling, development, 
cell division, differentiation and sorting, physiology 
and disease1–4. On virtually any scale, ranging from 
organisms2,4 to components such as organs5,6, tissues3,7, 
cells8–10, viruses11,12, complex extracellular or intracellular 
architecture (including vesicles, the extracellular matrix 
or actin network13,14) or single proteins15–17, biological 
systems respond to mechanical forces and generate 
mechanical cues.
In mechanobiology, living systems are described by 
cycles of mechanosensation, mechanotransduction and 
mechanoresponse2,18. In addition to its state, the func-
tional response of a living system depends on the nature 
of the mechanical signal, whether it is applied at the 
nanometre or micrometre scale, for a short or long time, 
with low or high magnitude, and on whether it is scalar 
or vectorial. Nanotechnological and microtechnological 
approaches have enabled tremendous progress in quan-
tifying the mechanical properties of biological systems. 
The links between mechanical response, morphology 
and function, however, are conspicuously ill understood.
The most widely used approaches to structurally map 
the mechanical properties and responses of biological 
systems, ranging from millimetre to sub- nanometre 
resolution and from micronewton to piconewton sensi-
tivity, are based on atomic force microscopy (AFM)19,20. 
In this Review, we survey the exciting developments in 
AFM- based approaches towards the morphological 
mapping of a wide variety of mechanical properties 
and the characterization of the functional response of 
biological systems under physiologically relevant con-
ditions. We further discuss key challenges and caveats 
that have to be taken into account to overcome the limi-
tations of AFM- based approaches to more fully describe 
the mechanical properties of living systems and high-
light how complementary techniques can contribute 
to directly linking the functional responses of complex 
biological systems to mechanical cues.
Characterizing biosystems by AFM
The introduction of AFM in 1986 opened the door 
to imaging and manipulating matter at the atomic, 
molecular and cellular scales and was central to the 
nascent nanotechnological revolution21,22. Of particular 
importance for the characterization of biological sys-
tems, atomic force microscopes can operate in aqueous 
environments and at physiological temperatures. In an 
atomic force microscope, a cantilever that is several 
micrometres long and has a molecularly sharp probe at 
the end is used to trace the sample topography, detecting 
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the forces between the probe and sample with piconew-
ton sensitivity. AFM topographs have an exceptionally 
high signal- to-noise ratio, which enables, for example, 
the direct observation of single proteins in cellular mem-
branes at sub- nanometre resolution without the need for 
chemical fixation or labelling20. It was quickly recognized 
that the atomic force microscope probe can be used as 
a nanotool to characterize and design the surfaces of 
biological systems19. The simplicity of the principle 
of operation of AFM allows users to swiftly adjust this 
technique to address the mechanobiological property of 
interest (Fig. 1). However, although imaging and mechan-
ical sensing by AFM might appear straightforward, sev-
eral intricacies complicate the acquisition of quantitative 
data (Fig. 2). This section thus focuses on the key points 
that need to be taken into account to reach this goal.
Probing mechanical properties. The easiest way to 
measure mechanical properties by AFM is to indent the 
probe into the sample and to record the applied force, 
which is proportional to the cantilever deflection, and 
the distance travelled by the probe in a force–distance 
(FD) curve (Fig. 2a,b). Recorded upon approaching and 
retracting the probe, FD curves measure the mechani-
cal deformation and response of the sample under load. 
Force can also be plotted against time in force–time 
(FT) curves, which are particularly useful if the force 
applied by the indenting probe or the indentation depth 
of the probe is to be held constant23,24 (Fig. 2c,d). These 
mechanical readouts are particularly useful when the 
sample changes mechanical properties with time25,26 or 
viscoelastic properties need to be determined27–29. To 
extract the Young’s modulus from the apparent stiff-
ness measured by AFM (Box 1; TaBle 1), it is necessary 
to calculate the mechanical stress applied, which is the 
force per contact area of the probe and sample (meas-
ured in N m−2 or Pa). However, the deeper a probe 
indents the sample, the more difficult it is to estimate 
how it interacts with and deforms the biological sample. 
Such estimations, which become notoriously difficult 
when using common pyramidal atomic force micro-
scope probes, may be simplified by using cylindrical or 
spherical probes30–32 (Fig. 2e). Indenting a sharp probe 
into a complex biological system enables the measure-
ment of the mechanical properties only locally. The 
description of heterogeneous sample properties thus 
requires either multiple spatially discrete measure-
ments or the use of larger probes to integrate proper-
ties over larger areas. For example, micrometre- sized 
spheres can be attached to an atomic force microscope 
cantilever33. Alternatively, the mechanical properties of 
entire cells31,34 can be characterized by confining sin-
gle cells between the parallel plates of a support and a 
wedged cantilever25,35.
To address the heterogeneity of biological systems, 
various AFM imaging modes have been introduced to 
map mechanical properties to morphology19,20,36. The 
most common approach records at least one FD curve 
for every pixel of the AFM topography (Fig. 2g). FD- based 
AFM can record several hundreds of thousands of force 
curves per topography, which makes the data analysis 
labour- intensive and calls for automated procedures37. 
If the experiment has been conducted properly and 
a suitable model has been chosen for data analysis 
(as explained below), the atomic force microscope 
user obtains topographs and multiparametric maps 
describing the mechanical properties of the sample20,37.
Establishing physiologically relevant conditions. AFM 
can be carried out under the physiological conditions 
required to maintain the native functional and mor-
phological state of a biological system. Such conditions 
mostly include full immersion of the sample in a buffer 
solution, an adjustable temperature and atmospheric 
control (Fig. 1f). Atomic force microscope users should 
be cautious of drying or chemically fixing their bio-
logical samples, as these procedures can lead to severe 
morphological, mechanical and functional artefacts38–40. 
Other common pitfalls are inappropriate choice of buffer 
solution or experimenting on mammalian cells at room 
temperature, at which they hardly respond to mechan-
ical cues in a native- like manner. For instance, mam-
malian cells deprived of buffer solutions and lacking 
nutrients or survival factors can quickly change their 
physiological properties and even undergo apoptosis41. 
Furthermore, many primary cell types, such as isolated 
cancer cells or neurons and induced pluripotent stem 
cells, require stringent media formulation and osmolar-
ity. Establishing the appropriate physiological conditions 
Key points
•	The versatile functions of biological systems ranging from molecules, cells and cellular 
systems to living organisms are governed by their mechanical properties and ability to 
sense mechanical cues and respond to them.
•	Atomic force microscopy (AFm)-based approaches provide multifunctional nanotools 
to measure a wide variety of mechanical properties of living systems and to apply to 
them well- defined mechanical cues.
•	AFm allows us to apply and measure forces from the piconewton to the micronewton 
range on spatially defined areas with sizes ranging from the sub- nanometre to several 
tens of micrometres.
•	mechanical parameters characterized by AFm include force, pressure, tension, 
adhesion, friction, elasticity, viscosity and energy dissipation.
•	The mechanical parameters of complex biological systems can be structurally 
mapped, with a spatial resolution ranging from millimetres to sub- nanometres and at 
kinetic ranges from hours to milliseconds.
•	AFm can be combined with various complementary methods to characterize a 
multitude of mechanical, functional and morphological properties and responses of 
complex biological systems.
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Fig. 1 | Key operation modes of atomic force microscopy to quantitatively map the mechanical properties of 
biological systems. a | Bio- imaging: the optical detection of cantilever deflection enables measurement of the surface of 
a biological system in an aqueous solution. The cantilever geometry and material can be selected to suit the application, 
and the pyramidal- shaped stylus attached to the cantilever can be replaced with various probes of different sizes and 
shapes to sense different sample properties. b | Force modulation: scanning the probe across the surface while applying a 
driving signal makes the cantilever oscillate. The alternating current component of the cantilever deflection signal 
provides information on the mechanical properties of the sample. c | Force mapping: a biological system is imaged, while 
its mechanical properties are simultaneously mapped pixel- by-pixel using spectroscopy based on force–distance and/or 
force–time curves. d | It is also possible to acquire pixel- by-pixel measurements of the mechanical response of the system 
to an atomic force microscope probe modulated at varying frequencies. e | Alternatively , it is possible to acquire its time- 
dependent mechanical response to an indenting atomic force microscope probe. f | Customized atomic force microscope 
chambers allow the mechanical characterization and simultaneous observation (by light microscopy) of cellular systems 
under incubator conditions, including controlled pH, CO2 concentration, humidity , temperature and composition of the 
buffer solution. g | Chemical or biological compounds can be exchanged to systematically screen mechano biological 
phenomena. h | Optical microscopy , spectroscopy and atomic force microscopy (AFM) can be combined for the 
morphological and mechanical characterization of complex biological systems. i | The optical readout of mechanical 
properties and biological functions using fluorescence sensors can be combined with AFM- based characterization and 
manipulation. j | Simultaneous physiological and mechanobiological characterization can be obtained by introducing 
complementary tools, including the patch clamp technique or multielectrode arrays. Most of these modalities (panels a–j) 
cross- fertilize each other, ultimately leading to combinatorial AFM. DIC, differential interference contrast; FRET, Förster 
resonance energy transfer ; GCaMP, genetically encoded calcium indicator consisting of green fluorescent protein, 
calmodulin and M13 protein.
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Fig. 2 | Probing, quantifying and mapping the mechanical properties of biological systems. a | Schematic illustration 
of the methods used for quantifying the mechanical responses of a biological system to the indentation of an atomic force 
microscope probe. b | Example of force–distance (FD) curve: the probe indents the sample until a defined force is reached 
(blue approach curve) and the cantilever is retracted (red retraction curve). From the approach FD curve, the contact point 
between the probe and sample and the sample stiffness can be estimated. From the difference between the approach and 
retraction curves, the sample viscosity can be estimated. c | Example of time- dependent indentation curve (constant 
height): the probe indents the sample and is then kept at a constant height. The force recorded by the cantilever quantifies 
the mechanical response of the sample. d | Example of time- dependent indentation curve (constant force): the probe 
indents (or confines) the sample, and the cantilever is kept at a constant deflection (force). The displacement of the 
cantilever quantifies the mechanical response of the sample. e | Different probes can be used for the mechanical 
characterization of biological systems. The larger the probe contacting the sample, the more the measurement will 
average out over a larger sample area. f | Typical challenges encountered when analysing FD (or force–time (FT)) curves are 
defining the contact point, fitting the slope of the approach curve (different fits lead to different elastic moduli) and 
addressing changes in the apparent elastic modulus due to sample heterogeneity or inadequate data acquisition.  
A speed- dependent behaviour indicates that the sample is viscoelastic. In this example, the grey curves are data acquired 
at different speeds. Blue and red curves are fits based on the Hertz model, which assume different contact points for the 
left- most grey curve. g | FD- based atomic force microscopy can be used to contour the sample topography while 
measuring the elastic and inelastic deformation, viscoelasticity , energy dissipation, mechanical work , pressure and 
tension. For each pixel of the topography , at least one FD curve is recorded. Fi, indentation force. Panel g is adapted with 
permission from reF.145, Elsevier.
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(such as the buffer solution, temperature, humidity and 
CO2 concentration) is therefore crucial to character-
ize the native functional and mechanical properties of 
a sample.
Choosing the atomic force microscope cantilever 
and probe. To correctly measure the mechanical prop-
erties of a biological system, it is critical to choose canti-
levers that have spring constants similar to that of the 
system. If the cantilever is much stiffer than the sample, 
the deflection becomes minimal, and the measurement 
insensitive, whereas cantilevers that are too soft do not 
sufficiently deform the sample, leading to difficulties 
in estimating the sample stiffness (Fig. 2f). Several pro-
cedures for estimating the cantilever spring constant 
are available42–45, including analysing the thermal noise 
of the cantilever or pressing the cantilever against a 
reference cantilever42. Nevertheless, instrumental and 
experimental variabilities lead to considerable varia-
tions (~30%) between different laboratories in deter-
mining the spring constant of the same cantilever44,45. It 
is thus important to establish standardized procedures 
to determine cantilever spring constants and to check 
this calibration by probing reference samples or canti-
levers42,45. If the indentation is so deep that the probe 
apex is entirely covered, or if the indentation depth 
is on the same scale as the roughness of the probe, it 
becomes notoriously difficult to estimate the sample 
deformation. Depending on the biological system under 
investigation and on the biological question, one can 
use atomic force microscope probes with well- defined 
shapes and dimensions ranging from the micrometre 
to the nanometre scale (Fig. 2e). By contrast, when the 
atomic force microscope probe makes only a slight 
indentation (a few nanometres), contamination with 
macromolecules from the sample and buffer solution 
can alter its interaction with the sample. One solution to 
this problem is to routinely check for contamination by 
indenting reference samples while characterizing the 
biological system of interest46,47.
Models to extract mechanical properties. Although 
most commercial AFM software programs extract 
approximate mechanical parameters from force curves, 
the underlying models have several limitations. The most 
commonly used theoretical frameworks for approximat-
ing mechanical parameters from AFM measurements 
include the Hertz, Sneddon, Derjaguin–Müller–Toporov 
(DMT) and Johnson–Kendall–Roberts (JKR) mod-
els48–50. Each model is applicable to different indenter 
Box 1 | Contact models
The apparent stiffness of a sample, as measured by a force–distance curve, is defined as kapp = ∂F/δ, where F is the force 
exerted on the sample by the indenting atomic force microscope probe and δ is the resulting sample deformation. kapp 
depends on the contact area between the probe and sample, which generally changes with the indentation depth and 
speed, probe geometry and sample properties, including the roughness, viscoelastic response and adhesion. To extract 
the experiment- independent Young’s modulus, elastic continuum theories are employed to describe the sample 
deformation. The basic models, which are the Hertz48, Johnson–Kendall–Roberts (JKR)50 and Derjaguin–müller–Toporov 
(DmT)172 models, assume that the sample is purely elastic, shows no substructure and expands infinitely. In practice, these 
general assumptions mean that the applied strains should not exceed 20%, and probes should be blunt and indent less 
than 10% of the sample thickness, as summarized in the table below, together with other practical consequences of these 
assumptions. Whereas the Hertz model does not take into account surface forces (such as adhesion), the two other 
models do, though in different ways. originally introduced for spherical probes contacting a flat surface, each model can 
be extended to other probe geometries to describe, for example, a conical stylus indenting a flat surface (Sneddon 
model)49 or a sphere contacting a narrow cylinder to measure the mechanical properties of axons76,97. TaBle 1 summarizes 
the models, the assumptions they are based on and their implications for experiments. An overview of specialized 
contact geometries is given in reF.173.
Among the non- Hertzian contact models are the cortical shell liquid core (CSlC)144,174, standard linear solid (SlS)62, 
poroelastic23 and thin- shell11,125 models. The CSlC model describes the cell as a uniform, spherical liquid core surrounded 
by a distinct elastic shell. An indenting colloidal probe deforms the spherical cell shape173, and complete shape recovery 
upon releasing the probe indicates a liquid- like response of the cell core. The force driving this recovery is attributed to 
the potential energy stored in the contractile actomyosin cortex, termed cortical tension. The timescale for cell shape 
recovery is determined by the viscosity of the cytoplasm. Several assumptions go into the CSlC model144,174, which is a 
special case of the more general maxwell model and represents a system as a spring connected in parallel with a spring 
and a dashpot to describe viscoelastic phenomena such as creep and stress relaxation. Complementary models, such as 
the SlS model62,175, incorporate time- dependent effects to analyse force–distance curves, and extended Hertz models 
can fit force–time curves to extract time- varying elastic properties176. The poroelastic model describes the dynamic 
response of the cellular cytoplasm or systems to mechanical indentation23. Whereas viscoelastic materials are considered 
homogeneous, poroelastic materials are biphasic and composed of a viscous cytoplasm and an elastic drained 
cytoskeleton meshwork, and they can show strain- dependent moduli and time constants. The thin- shell model is often 
used to describe the purely elastic deformation of protein shells of viruses and is valid if the shell thickness is much 
smaller than the shell radius.
Purely elastic sample Infinitely extended sample Normal loading (perpendicular 
to sample surface)
•	Can apply maximum strains of 20%
•	Need to use blunted tips
•	Speed- dependent Young’s modulus 
used for viscoelastic samples
•	Indentation needs to be <10% of the 
sample thickness
•	Indentation area needs to be small 
compared with the sample dimensions
•	Requires correcting for the tilt 
of the cantilever
•	Artefacts appear because of the 
topography177
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geometries and sample properties (Box 1). Below, we 
discuss the specific limitations of these models.
To assess mechanical properties, most atomic force 
microscopes measure the deformation of a sample in 
response to the force F applied by the indenting probe. 
Extracting the mechanical properties described by stress–
strain curves from force curves requires a mechanical 
contact model, whereby the stress σ is approximated by 
Table 1 | Overview of the basic continuum models and important probe geometries
Model Probe geometry Force Additional assumptions Schematic representation
Hertz Spherical ⋅ ⋅




−−( )( )F E a R aR= + ln 2P R aR a Peff 2 2 +PP
δ −= ln
a R a
R a2
+P
P
No surface forces
F
R
P
Sample
Probe
Stress
δ
Cylindrical F(δ) = 2Eeff ⋅ RZδ Smooth punch profile (no edges) –
Conical  
(Sneddon model)
F(δ) = Eeff ⋅ 2tan(θ)/π ⋅ δ2 Infinitely sharp probe –
Parabolic ⋅δ δF E( ) = Reff
4
3
3
2
P RC > δ –
Blunted pyramidal ⋅
⋅







δ δ − − −
− θ
θ
−( )
( )F E a
a b
( ) = 2 arcsin
+ ( ) +
pi
a pi b
a
a
R pi
b
tan
a b
R
eff
2
tan 2
3
2 2 2
3
2
3
P
2 2
P
Cross section of pyramid modelled 
as a circle
–
Derjaguin–
Müller–Toporov
Spherical F = FHertz − Fdet
δ −= ln
a R a
R a2
+P
P
•	Long- range surface forces 
outside the contact area
•	Valid for stiff materials, small 
spheres and weak adhesion
F
StressAttraction Attraction
Johnson–Kendall–
Roberts
Spherical 
approximated with 
a paraboloid
⋅−F F= 4 E F a
RHertz 3
eff det
3
P
⋅δ −= 2a
R
F a
E R3
2
P
det
eff P
•	Short- range surface forces inside 
the contact area
•	Valid for compliant materials, 
large spheres and strong 
adhesion
F
Stress and
attraction
Non- Hertzian contact models
Cortical shell 
liquid core
Spherical ⋅ ⋅




 δ( )F T piR= 2 + 2R Rc 1 1 Pc P •	Linear force–displacement curves; large membrane reservoir
•	Variable: TC
–
Standard linear 
solid
Conical, spherical Analytical175 and numerical97 
expressions
•	Time- varying elastic modulus
•	Variable: viscosity
–
Poroelastic Spherical ⋅ ⋅δ−F e≈ D t Rp P •	Constant volume; timescale 
<0.5 s
•	Variable: DP ≈ Eξ2/η
–
Thin shell Conical F ≈ δ∙E∙h2/RS •	Point probe; h << RS
•	Variables: RS and h
–
δ, indentation; η, cytosolic viscosity ; v, Poisson ratio; ξ, pore size; a, contact radius; b, transition radius178 of a blunt probe; DP, poroelastic diffusion constant; 
E, Young’s modulus; Eeff = E/(1 - v2), effective Young’s modulus; F, indenting force; Fdet, detachment force; FHertz, force in the Hertz model; h, thickness of spherical 
shell; Θ, semi- included angle of the probe; RC, radius of spherical cell; RP, radius of the indenting probe; RS, radius of spherical shell; RZ, radius of an indenting 
cylinder ; TC, cortex tension.
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the force per area and the deformation is approximated 
by the unitless strain ε. Conceived in 1881 to describe the 
non- adhesive elastic contacts between two curved sur-
faces (optical lenses)48, the Hertz model is the most fre-
quently used to obtain mechanical parameters from AFM 
measurements. Major assumptions underlie this model: 
the first is that the probe is considered a perfect sphere 
perpendicularly indenting a non- corrugated, plane sur-
face. However, most atomic force microscope probes 
used for indentation are not perfect spheres, nor are the 
indented surfaces smooth on the nanoscale. Additionally, 
the atomic force microscope cantilever is tilted by ~10° 
and thus applies a non- perpendicular force during inden-
tation. A second assumption is that the strain and elastic 
stress depend linearly on the Young’s modulus E (σ = E⋅ε), 
which implies that the applied strain (the indentation) 
must remain small compared with the dimensions of the 
sample (≤10–20% of the thickness) and that the sample 
deformation must be fully reversible to ensure elastic-
ity. However, complex biological structures such as liv-
ing cells or tissues exhibit viscoelastic behaviour, which 
manifests itself as a hysteresis between the approach and 
retraction FD curves (Fig. 2b). Thus, the stress–strain 
relationship must include the viscosity η such that 
σ = η⋅dε/dt. The viscosity of most biological systems 
(which stems from the friction between the constituents, 
such as molecules, organelles and the fibril network) can 
also increase with the rate at which strain is applied and 
thus with the indentation speed27–29,51. On the other hand, 
viscous contributions can be reduced if measurements 
take place on long timescales52. However, there is a limit 
on the lowest achievable indentation speed, as biological 
systems can quickly remodel and respond to mechan-
ical cues. Conversely, in transiently linked polymer 
networks, such as the extracellular matrix, the elasticity 
can become more dominating at shorter timescales53,54. 
Another approximation of the Hertz model is that the 
contact area between the probe and sample is assumed 
to be much smaller than their dimensions. Together 
with the required small deformations, this criterion jus-
tifies the absence of border effects, as the stress concen-
trates around the area of contact and rapidly decreases 
within the sample. A further factor to take into account 
is that when a soft biological sample is indented by more 
than ~10% of its thickness, the compression of the under-
lying support starts contributing to the stiffness meas-
urement55. Thus, on a heterogeneous sample such as a 
cell, the measured apparent stiffness can critically depend 
on the location of the indentation. Additionally, it has 
been observed that, above certain applied strains, biologi-
cal samples can stiffen and show a nonlinear mechanical 
response56. Finally, the Hertz model assumes that there 
are no other interactions, such as adhesion or friction, 
between the contacting surfaces. However, adhesion 
is often observed when cantilevers are pressed onto 
cells57,58. To avoid this effect, the atomic force microscope 
probe can be passivated with non- adhesive polyethylene 
glycol or other compounds59. Alternatively, the DMT 
or JKR models, which include adhesive effects, can be 
used (Box 1).
Even if the above conditions for applying the Hertz 
model are met, accurate measurements require the careful 
control of experimental parameters. Extraction of the 
sample indentation from FD curves requires defining 
the point of contact (Fig. 2b,f), which can be difficult to 
determine. For example, as most living mammalian cells 
are compliant and have complex surface morphologies, a 
clear signature of the contact point can be missing from 
the FD curve, leading to an inaccuracy of a few tens of 
nanometres in the determination of the indentation 
depth. Typically, indentation depths of at least 400 nm 
are needed to avoid a dependence of the results on this 
inaccuracy51. However, for cells or tissues that are a few 
micrometres thick, 400 nm is critically close to the maxi-
mum indentation discussed above, while the contact area 
between the probe and sample becomes difficult to deter-
mine. Furthermore, the indentation of thin protein shells, 
such as those of viruses, is poorly described by Hertzian 
models; hence, thin- shell, models assuming linear 
deformations are more appropriate in these cases (Box 1).
Dependence of the mechanical properties on the load-
ing rate. The mechanical properties of biological sys-
tems depend on the loading rate (the force increasing 
over time) at which they are measured. Because elastic, 
viscous and plastic components of complex systems 
respond differently to mechanical cues, the mechanical 
properties of cells and proteinaceous assemblies change 
nonlinearly with the loading rate27,29,51,60,61 (Fig. 2f). Thus, 
it is meaningless to compare the mechanical properties 
of cells without specifying the loading rate. Varying 
the cantilever velocity can also enable differentiation 
between the possible underlying specific visco elastic 
relations, such as linear or power- law rheology62. Addi-
tionally, complex materials respond differently to 
different mechanical stimuli (indentation, confinement, 
pressure, shear, friction, torsion, speed, or dynamic or 
nonlinear stimuli). Considering the anisotropic com-
plexity of biological systems ranging from macro-
molecular complexes to living cells, tissues and organs, 
AFM experiments need to be designed carefully to 
apply well- defined mechanical cues and to characterize 
biomechanical properties over a wide range of load-
ing rates. Another limitation is that AFM experiments 
mostly measure stress and strain as simple numbers, 
even though both are tensors describing how forces and 
deformation propagate in systems. The complex way 
forces deform structures such as macromolecules, cells 
or tissues is difficult to describe without complementary 
experimental data and assumptions or extensive theoret-
ical simulations63,64. The goal of mechanobiology must 
thus be to provide quantitative parameters that define 
how biological systems respond to force, time and spatial 
confinement; this objective, as outlined in the following 
section, can be pursued by using AFM in combination 
with other techniques.
Multimethodological approaches
Various cell types have been characterized by AFM to 
determine their Young’s modulus. In many cases, how-
ever, the importance of the mechanical phenotype and 
its relation to physiology remained unclear. To under-
stand how mechanical properties measured by AFM 
relate to cell function and morphology, AFM must be 
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combined with complementary techniques (Fig. 1). In 
addition to morphological characterization via con-
ventional light microscopy, fluorescence microscopy 
can visualize tagged cellular components related to 
the mechanobiological measurement. For example, the 
dynamic assembly of fluorescently labelled actomyosin 
can be directly related to cell stiffening and to the cell 
shape changes measured by AFM25,26. AFM has also 
been combined with confocal or light sheet fluorescence 
microscopy to monitor the morphological changes of a 
cell during indentation9,65,66 and with super- resolution 
microscopy to map the membrane properties and 
cytoskeletal stiffness of migrating astrocytes67.
One of the main limitations of AFM- based mech-
anobiology is that the measurements are performed on 
the cell surface. In the past few years, fluorescence sen-
sors have been introduced to measure the forces and 
pressure inside living cells68,69. Other sensors measure 
intracellular parameters indirectly related to mechan-
ics, such as pH, calcium concentration or membrane 
potential70,71, or monitor the state of cellular systems 
or the conformation of proteins72–75. Most fluorescent 
sensors can be either chemically attached or genetically 
fused to intracellular proteins, structures or compart-
ments to specifically label them. We are just beginning 
to apply these sensors to correlate the mechanical prop-
erties measured by AFM to the state of the biological 
system and/or characterize how biological systems 
change state in response to mechanical cues9,76. The 
multitude of insights revealed by such combinatorial 
approaches applied to the characterization of mechano-
biological processes is steadily increasing. We anti cipate 
that, in the future, these approaches will continue to 
be influential and will further extend the applicabi-
lity of the AFM- based toolbox in mechanobiology. In 
the following section, we discuss some examples of 
such combinations.
Case studies
The basic cellular compartments and structures of mam-
malian cells have very different mechanical properties 
(Fig. 3a). To measure these properties, an atomic force 
microscope probe first indents the ~40–400 nm- thick 
soft (stiffness ≈ 200–400 Pa)77 glycocalyx surrounding 
the cell. Upon further indentation, the probe deforms the 
very soft (tension ≈ 0.1–10 mN m−1)78 and thin (~5–8 Nm) 
cell membrane — its contribution is difficult to measure 
because it is linked to the subjacent, 100–1,000 nm- thick 
and much stiffer (10–100 kPa)79 actomyosin cortex. 
Moreover, while indenting through the meshwork 
of the cytoskeleton, the probe pushes into the vis-
cous cytoplasm (viscosity ≈ 10–100 mPa s)80 until it 
encounters stiff filamentous structures (such as actin or 
microtubuli; stiffness ≈ 0.1–1 kPa)81 and/or the nucleus 
(stiffness ≈ 1–10 kPa)82. This example highlights how 
different cellular compartments contribute to mechan-
ical measurements made by an indenting probe. It also 
shows that the mechanical anisotropy of a cell cannot be 
described well by contact models assuming a smooth, 
homogeneous and infinitely extended surface (Box 1). 
It is thus necessary to extend the models to describe, for 
example, the poroelastic properties of the cytoplasm23. 
We examine a few case studies to highlight insights 
and mechanical phenotypes derived from AFM meas-
urements that would hardly have been possible with 
other techniques.
Tissues, organs and organisms. Whereas AFM is regu-
larly applied to the study of molecules and cells, relatively 
little work has been devoted to measuring the mechan-
ical properties of tissues and organisms and to relate 
these measurements to function. It has been shown that 
the substrate stiffness can guide the differentiation of 
stem cells into various tissues83,84. AFM measurements 
have revealed that the stiffness of differentiated cells 
matches that of the substrate85, indicating that the physi-
cal nature of the environment can guide the proliferation 
and mechanical properties of cells. Likewise, neurons 
can sense and respond to the stiffness of the surround-
ing tissue86. Recently, AFM- based force mapping com-
bined with fluorescence microscopy showed that axons 
preferentially grow into brain regions, exposing certain 
stiffnesses86. Localized injury of the neocortex leads to 
considerable softening of the surrounding brain tissue, 
which provides a signal that inhibits neuronal regener-
ation by limiting axon growth87 (Fig. 3b). It has also been 
demonstrated by AFM that upon detecting photons, 
the photosensory cells in the Drosophila eye contract88. 
Combining optical microscopy measurements with 
patch clamp electrophysiology enabled the investigation 
of the signal pathways from photon absorption to sen-
sory processing. AFM has also been used to characterize 
how, similar to animal tissues, plant tissue mechanics 
are involved in the regulation of morphogenesis89  
and growth90.
Changes in cell and tissue mechanics are among the 
hallmarks of cancer, but how tissue stiffening relates to 
tumour development is less clear. To understand this 
process, the stiffness of mammary tumour cells and 
surrounding tissues was mapped in situ91,92, revealing 
that tumour tissues are far stiffer than isolated tumour 
cells. Such experiments highlight the potential of AFM 
for the investigation of disease- related mechanical 
phenotypes under conditions that preserve the physio-
logical environment92–95. However, despite the advances 
in the use of AFM to map the mechanical properties 
of tissue, organs and organisms, several limitations 
remain. The biological system needs to be accessible 
by AFM, which limits this approach to the investigation 
of surfaces. Dissection techniques may be needed to 
gain deeper insight into specimens86,87 (Fig. 3b). To guide 
the atomic force microscope probe to specific loca-
tions in large tissues and organs, experiments need to 
be combined with optical microscopy (Fig. 3). A recent 
effort in this direction characterized stiffness changes 
required for neural crest migration in heterochronic 
tissue grafts96.
Neurons. Whereas mapping the mechanical properties 
of single neurons in living brains is difficult, isolated 
neurons in culture are readily accessible. Owing to the 
morphological and functional complexity of neurons, 
it has been challenging to connect neuronal mechanics 
to physiology. Progress has been made by combining 
www.nature.com/natrevphys
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Fig. 3 | Mapping the mechanical properties of cellular systems. a | Schematic representation of an adherent 
mammalian cell with a summary of the mechanical properties of the cellular structures and compartments. b | Elasticity 
measurements of a healthy rat brain. The areas of the cortex are shown in the schematic in the left panel. CC indicates the 
corpus callosum, Cg denotes the cingulum, AGm represents the medial agranular, AGI indicates the lateral agranular, and 
ACC denotes the anterior cingulate regions of the cortex87. A map of the elastic modulus (coloured) recorded for a healthy 
rat brain cortex, imaged via brightfield microscopy (greyscale), is shown in the right panel. In the coloured map, blue 
denotes the softest areas, and red the stiffest areas. c | Measurements of the elasticity of cranial neural crest cell explants. 
Neural crest cells undergo a transition from collective to single- cell migration during development, and the mechanisms 
leading to the separation of individual cells from the neural crest are still unclear. Atomic force microscopy indentation 
experiments (right panel) and phase- contrast microscopy (left panel) can be combined to correlate elasticity to 
morphological details of the explanted cellular system. The measurements show that peripheral cells are stiffer than 
central and semi- detached leader cells106. d | A fluorescent micrometre- sized bead (blue) visibly indents a living HeLa cell 
expressing a green- fluorescent-protein- labelled membrane marker (green). For deformations on this scale, in which a 
large volume of cytoplasm is displaced, the experimental data presented in the right panel show that poroelasticity 
dominates the power- law behaviour for durations less than 0.5 s (reF.23). Data for Madin–Darby canine kidney (MDCK) 
cells, which display a similar behaviour, are also shown. e | Probing the mechanical response of a HeLa cervical cancer cell 
progressing through mitosis while morphologically imaging cell shape and cell state. The cell was confined between a 
wedged cantilever and a support in a parallel plate assay35, as shown in the top- left panel. Histones (red) and myosin II 
(green) were fluorescently labelled29, as shown in the bottom- left panel. The time curve in the right panel shows the 
evolution of force and tension as the mitotic cell rounds against the confining cantilever. R , region. Panel b is adapted from 
reF.87, CC- BY-4.0. Panel c is adapted with permission from reF.106, Elsevier. Panel d is adapted from reF.23, Springer Nature 
Limited. Panel e is adapted with permission from reF.29, Elsevier.
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AFM with super- resolution microscopy and in vivo 
Förster resonance energy transfer (FRET) tension sen-
sors76,97. It was found that the mechanical properties, 
function and shape of mechanosensory neurons from 
Caenorhabditis elegans depend on tension within the 
actin–spectrin cytoskeleton76, whereas mutations of 
the tau protein homologue PTL1 increase the coupling 
of torque and tension in microtubule bundles, leading 
to neuromechanical defects during locomotion97. AFM 
indentation experiments on mammalian hippocampal 
neurons suggest that the mechanical properties of the 
actin–spectrin network and its involvement in sensing 
mechanical cues and protecting from mechanical impact 
are preserved across the animal kingdom98. Interestingly, 
neurons from peripheral nervous systems show higher 
resistance to mechanical damage than neurons from 
the brain99, providing insight into how neurons may 
cope with mechanical trauma. Other recent advances 
include the use of optical microscopy to guide the atomic 
force microscope probe to mechanically stimulate cellu-
lar systems involved in the hearing of mice or insects and 
to characterize their functional response100–102, leading to 
the observation that the response of mechanosensory 
neurons of the hearing organ to mechanical stimulation 
is nonlinear102.
Mammalian cells. AFM has been extensively used to 
characterize the mechanical properties of mammalian 
cells, making it easier to understand the contribution 
of the glycocalyx, cytoskeleton, cytoplasm and intra-
cellular pressure to cell elasticity, to measure the pro-
trusive forces of migrating cells and to assess how these 
mechanical properties change with cell state23,40,103–106 
(Fig. 3c,d). Cultured cells vary in shape, and microstruc-
tured supports can be used to reduce morphological var-
iability and to better compare the mechanical properties 
measured by FD- based AFM107. In certain cases, such 
as for cells progressing through mitosis, this variability 
is greatly reduced this way108. Confocal microscopy and 
AFM have revealed that mitotic mammalian cells gener-
ate intracellular pressure that the contracting actomyo-
sin cortex directs to round the cell for division25 (Fig. 3e). 
AFM has also been used to confine mitotic cells, which 
hinders the alignment of the mitotic spindle and allows 
the duration of mitosis to be controlled mechanically9. 
Combined with chemical perturbation and genome- 
wide RNA interference screens, AFM- based assays 
have allowed the mechanical phenotyping of genes 
involved in mitotic rounding and have led to the dis-
covery of unexpected roles of disease- related genes in 
this fundamental cell biological process26,34.
Other studies used AFM to mechanically stimulate 
mammalian cells and read out their real- time response 
using fluorescent constructs, reporting calcium flux 
across the membrane. Stimulation of cells expressing 
mechanosensitive Piezo1 ion channel proteins with a 
spherical indenter led to pronounced and long- lasting 
calcium transients109. A complementary study combined 
patch clamp electrophysiology using a nanopipette with 
AFM to measure the activity of voltage- gated channels 
while mechanically stimulating beating cardiac cells110. 
Another method for monitoring the electrical activity of 
mechanically stimulated cells is the use of planar patch 
clamp technology111,112. Recently, oscillating atomic force 
microscope microcantilevers were used to measure the 
mass of single adherent cells with picogram sensitivity 
and millisecond time resolution for days while observing 
their morphology113. In the future, this approach might 
provide insight into how the mass of cells changes dur-
ing growth and how mass is related to morphology and 
mechanical properties. Together, these results show that 
AFM- based mechanobiology provides new understand-
ing, linking cellular mechanics with cellular processes 
and states in health and disease.
Microorganisms. Unlike mammalian cells, microbial 
cells are surrounded by thick, mechanically rigid cell 
walls, which play important roles in controlling cellular 
processes such as growth, division and adhesion. The 
advent of AFM has enabled direct, quantitative meas-
urement of the mechanical properties of isolated wall 
components, such as the proteinaceous sheath114 and 
murein sacculi115, and of living microbial cells116–118. 
Indentation curves on bacterial cells generally feature 
a nonlinear regime at lower forces followed by a lin-
ear regime at higher forces116. The two regimes enable 
the Young’s modulus of the cell wall and the turgor 
pressure of the cell to be quantified. For example, 
AFM- based indentation revealed a swelling effect in 
Shewanella putrefaciens at high pH values, attributed to 
water exchange inside the polymeric fringe116. Surface 
appendages called fibrils were shown to strongly con-
tribute to the softness of Streptococcus salivarius HB117. 
Treatment of Staphylococcus aureus with lysostaphin 
was found to decrease the bacterial spring constant 
and the cell wall stiffness, indicating that digestion of 
peptidoglycan by the enzyme leads to the formation 
of osmotically fragile cells118.
AFM has also proved useful for measuring local var-
iations in the mechanical properties of live microorgan-
isms. Force mapping of yeast cells revealed that the bud 
scar remaining after cell division is ten times stiffer than 
the surrounding cell wall, a finding consistent with the 
accumulation of chitin in this area119. The same method 
revealed major variations of mechanical properties on 
the diatom Phaeodactylum tricornutum120, showing 
that the girdle region is five times softer than the valve. 
Other experiments combined microfluidic devices with 
AFM and fluorescence microscopy to characterize how 
shear flow supports the formation of bacterial biofilms 
and affects their mechanical properties121. Furthermore, 
adhesion and elasticity mapped to AFM topographs of 
Escherichia coli infected with filamentous bacteriophages 
demonstrated that the sites of assembly and extrusion 
localize at the bacterial septum in the form of soft nano-
domains surrounded by regions of stiff cell wall122 
(Fig. 4a). Multiparametric AFM imaging also revealed 
that Zn2+ strongly alters the structural, mechanical and 
adhesive properties of the S. aureus surface123.
Viruses. AFM measurements of viruses have revealed 
a surprising range of mechanical properties11,12,124. The 
protein capsid of bacteriophage φ29, for instance, shows 
a Young’s modulus higher than 1 GPa (reF.125), whereas 
www.nature.com/natrevphys
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the capsid of the hepatitis B virus shows a Young’s 
modulus lower than 0.5 GPa (reF.126). This difference is 
thought to originate from the packaging of viral DNA 
into the capsid127. The genome itself can also affect viral 
mechanics and has been shown to reinforce the capsid 
of the minute virus of mice128,129. For the insect Triatoma 
virus (Fig. 4b), an intricate pH- dependent reinforce-
ment occurs for RNA- containing capsids at neutral pH, 
whereas under alkaline conditions, the RNA destabilizes 
the capsids130. This mechanical switch has been related 
to the genome delivery pathway. Obviously, the capsid 
architecture influences their stability, and some viruses 
develop an intrinsic stress to reinforce their shell. In 
particular, φ29 and norovirus capsids are pre-stressed 
anisotropically and isotropically, respectively, to increase 
mechanical stability131,132. AFM can also measure how 
viral stability changes with maturation, as has been 
shown for the HK97 phage133 and HIV134.
Recently, AFM and fluorescent microscopy provided 
insight into the capsid breakdown and DNA release of 
adenoviruses. This process was mechanically induced 
by the atomic force microscope probe and visualized by 
fluorescently staining the viral genome135. Mechanical 
studies of protein shells are not limited to viruses con-
taining the native genomic content136. For example, 
experiments have been performed on cowpea chlo-
rotic mottle virus loaded with phthalocyanine dyes137, 
bacterial nanocompartment encapsulins and Aquifex 
aeolicus lumazine synthase138,139, eukaryotic vaults140  
and artificial designer protein shells such as octa-
hedral O3-33 cages138. Virus–cell interactions can also 
be characterized by AFM, and the initial binding of 
both influenza and rabies viruses to eukaryotic cells 
has been shown to be multivalent141,142. In addition, the 
mechanical phage extrusion from bacteria has been 
scrutinized by AFM122. Finite- element and coarse- grain 
molecular dynamics simulations can provide mechan-
ical information to complement the data and aid the 
interpretation of experimental results63,128,143 (Fig. 4c).
Cell membranes and vesicles. AFM is frequently used 
to measure the mechanical properties of cell membranes, 
including their dynamic attachment to the surrounding 
glycocalyx and the underlying actomyosin cortex. These 
properties are of particular importance to understanding 
cellular processes such as sensing, signalling, adhesion, 
sorting, migration and differentiation76,84,144. Several 
attempts have been made to measure the mechanical pro-
perties of cell membranes by indentation104,108. However, 
the thick and stiff glycocalyx coat, actomyosin cortex 
and cytoplasm (Fig. 3a) dominate the force–indentation 
relation recorded by AFM and mask the contribution of 
the very thin, soft cell membrane51,145. A promising AFM- 
based approach to measuring the elasticity, viscosity and 
coupling of the cell membrane to the actomyosin cortex 
is to mechanically extract cell membrane tethers146–148. 
Alternatively, the stiffness of membrane blebs formed by 
motile cells can be characterized149 (Fig. 4d). The combi-
nation of AFM- based mechanical property mapping with 
chemical or genetic perturbation can provide mecha-
nistic insight into the stabilizing role of the glycocalyx, 
of the anchors linking the membrane and actomyosin 
cortex and of the proteins that regulate the mechani-
cal properties of the cortex29,105,108,145. Complementary, 
so-called native membranes may be extracted from cells 
and imaged by FD- based AFM to map the mechanical 
properties of proteins and lipids61,150–153 (Fig. 5a).
Vesicular structures are abundant both in eukaryotic 
cells and extracellularly, where they contribute to cell–cell 
communication. The mechanics of small unilamellar vesi-
cles consisting of different lipid mixtures have been studied 
by AFM154–156. A model based on the Canham−Helfrich 
theory describes fluid lipid bilayers of deforming vesicles 
and accounts for the internal pressure that builds up after 
adsorption of the vesicle on the support47. The membrane 
bending modulus can be derived by this model. This 
deformation behaviour, however, depends on the probe 
size32,47. Multilamellar vesicles have also been character-
ized, showing that the number of bilayers can be estimated 
and that the vesicle stiffness scales with lamellarity157.
Proteins, fibrils and nucleic acids. High- resolution imag-
ing of native membrane proteins was achieved early in the 
development of AFM. Currently, AFM can image single 
membrane proteins in the native state at sub- nanometre 
resolution and observe them working with unprece-
dented structural detail20,158. Whereas initial AFM- based 
approaches applied different forces to visualize the defor-
mation of single proteins at sub- nanometre resolution159, 
current approaches map their mechanical properties in 
more sophisticated ways19,150–152 (Fig. 5a). In particular, 
FD- based AFM can provide the topography and maps of 
elastic moduli, deformation, energy dissipation or adhe-
sion with relative ease37,153. It is possible to contour single 
Fig. 5 | High- resolution imaging and mapping of the mechanical properties of 
isolated membranes, proteins, fibrils and nucleic acids. a | Atomic force microscopy 
(AFM) enables simultaneous investigation of the topography and the different 
mechanical properties of both native membranes extracted from cells and proteins 
within the membranes. The top panels present the topography , a deformation map and 
an elasticity map showing a membrane from Halobacterium salinarium. In the plots, red 
lines indicate cross sections taken on each topograph and map, while grey lines show  
the cross section of the topograph. The bottom panels present the high- resolution 
topography , a deformation map and an elasticity map showing the trimeric arrangement 
of the light- driven proton pump bacteriorhodopsin of the membrane. The cross 
sections of each topography and map are also shown153. b | High- resolution topography 
and deformation map of densely packed outer membrane protein F (OmpF) trimers160. 
Greyscale insets show averages of the topographs and deformation maps. Pink lines outline 
the OmpF trimers, exposing their extracellular surfaces, whereas green lines outline the 
trimers, exposing their periplasmic surfaces. c | Topography and flexibility map of  
an immunoglobulin M (IgM) antibody imaged using bimodal AFM161. d | Mapping the 
mechanical properties of the pathogenic human amyloid tau filaments46. The topography 
and deformation map show fibrils assembled from truncated human tau (TauRD, green) and 
full- length human tau (hTau40, white). Only hTau40 has a fuzzy polypeptide coat, visible 
in the deformation map as a double rim. e | The mechanical properties of vimentin 
filaments have been mapped using optical tweezers, a microfluidic device, confocal 
microscopy and AFM. Using optical tweezers, the force–strain curves of individual 
vimentin filaments are measured and compared with the results of AFM experiments 
applying the same strain to the filaments165. The schematic in the bottom panel shows 
the optical trapping setup. Panel a is adapted from reF.153, Springer Nature Limited. 
Panel b is adapted with permission from Muller, D. J. Quantitative imaging of the 
electrostatic field and potential generated by a transmembrane protein pore at 
subnanometer resolution. Nano Lett. 13, 5585–5593. Copyright (2013) American Chemical 
Society. Panel c adapted with permission from reF.161, copyrighted by the American 
Physical Society. Panel d is adapted with permission from reF.46, PNAS. Panel e is adapted 
from reF.165, CC- BY-3.0.
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pore- forming membrane proteins while measuring their 
mechanical properties (Fig. 5b) and simultaneously probing 
the mechanical repulsion generated by the electrical field 
of the pore160. Bimodal AFM imaging provides a powerful 
alternative to image water- soluble or membrane proteins 
and to map their mechanical properties36,161 (Fig. 5c). In 
many of these applications, it is useful to complement the 
structural and mechanical information derived by AFM 
with molecular dynamics simulations63,143.
Amyloid fibrils are involved in various neuro-
degen erative diseases, and their chemical and biological 
properties have been investigated for decades. The soft 
polypeptide coat surrounding the stiffer fibrils assem-
bled from pathological human tau was visualized for the 
first time by FD- based AFM46 (Fig. 5d). It was found that 
the extension, stiffness and interactions of the so- called 
fuzzy coat depend on the pH and ion concentration of 
the buffer solution. The interactions can cause tau fibrils 
to aggregate, which is a hallmark of Alzheimer disease. 
Other AFM- based studies followed the polymorph 
assembly of amyloid fibrils from human tau or islet amy-
loid polypeptide and determined the conditions leading 
to fibril destabilization and disassembly162,163. The force 
required to mechanically collapse microtubules164, the 
nonlinear, rate- dependent force response of intermedi-
ate filaments165 (Fig. 5e) and the mechanical properties 
of DNA origami166 have also been measured by AFM.
Conclusions and outlook
We reviewed the key approaches and best working prac-
tices for measuring the mechanical properties of native 
biological systems by AFM and discussed the ability to 
work under physiological and cell culture conditions. 
The groundwork has been laid by a wealth of pioneering 
papers that describe the use of AFM to image and map 
the material properties of biological systems and to 
manipulate them19,167. Now, AFM- based approaches 
can be used to characterize intermolecular and intra-
molecular interactions of biomolecular systems as well 
as their mechanical properties, including reversible and 
irreversible deformation, friction, energy dissipation, 
tension and pressure. The challenge in mechanobiology 
is to understand how biological systems sense, trans-
duce and respond to mechanical cues. The functional 
state and response of complex biological systems are 
frequently addressed by combining AFM with optical 
microscopy. However, AFM is limited in that it applies 
mechanical stimuli and measures mechanical properties 
only from the outside of a biological system. The use 
of fluorescent constructs to specifically label structures 
in cells or tissues and to locally read out mechanical 
stress, tension or torsion and cellular parameters related 
to function has great potential68,69. Likewise, opto-
genetics provides novel tools for using light to control 
cellular systems through light- switchable membrane 
channels, pores, pumps or receptors and other cytosolic 
proteins168. Complementary, mechanogenetic tools are 
being developed to control the activity of membrane 
proteins in response to externally applied mechanical 
cues109,169. Such optical and mechanical stimulation of 
cellular systems is best characterized by combining elec-
trophysiological tools (such as patch clamp techniques) 
or genetically encoded fluorescent activity indicators 
with AFM. Nanostructured or microstructured supports 
may also be used to mechanically confine or stimulate 
a biological system from one side while using an AFM 
from another side to sense the mechanical response that 
is actively or passively propagated through the system. 
These supports include nanopillars or micropillars, 
stretchable substrates and microfluidic devices. In the 
future, we expect to see a more rigorous implementation 
of such multimethodological approaches by applying 
mechanical constraints to a cellular system, measuring 
how this mechanical information is transduced through 
the system and characterizing its response.
We highlighted examples of the application of AFM 
to the characterization of the mechanobiological prop-
erties of biological systems ranging all the way from 
proteins, protein assemblies, cell membranes, cytoskel-
etons, cells and tissues to functional organs and organ-
isms. Considerable effort has been made to study the 
mechanobiology of a wide range of organisms, includ-
ing bacteria, yeast, plants, insects, animals and humans. 
These studies have elevated our understanding of how 
mechanical processes influence life. It is thus tempting 
to speculate about the methodologies that will further 
our understanding of these processes. New AFM- based 
assays must be developed or existing ones must be com-
bined with complementary techniques to bridge length 
scales and timescales. Other than light microscopy, these 
techniques might include magnetic resonance imaging, 
scanning near- field optical microscopy, infrared spectro-
scopy or ultrasonic imaging. It is also intriguing to see the 
emergence of AFM combined with intracellular force and 
mechanical measurements170 using, for example, mag-
netic or optical tweezers171. However, as outlined in this 
Review, the correct parametrization of AFM experiments 
alone can be challenging. Applying novel force spectro-
scopic techniques to biological systems will certainly 
require the development of complementary theories and 
mathematical models to guide the comprehensive analysis 
of experimental data. Ultimately, this analysis will teach 
us how biological systems sense, transduce and regulate 
responses to mechanical cues. More than ever, scientists 
from different disciplines need to collaborate to confront 
and solve the pressing questions in mechanobiology.
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